Chitin, which is a biopolymer of the amino sugar glucosamine (GlcN), is highly abundant in aquatic ecosystems, and its degradation is assigned a key role in the recycling of carbon and nitrogen. In order to study the significance of chitin decomposition in two temperate freshwater lakes with contrasting trophic and redox conditions, we measured the turnover rate of the chitin analog methylumbelliferyl-N,N=-diacetylchitobioside (MUF-DC) and the presence of chitinase (chiA) genes in zooplankton, water, and sediment samples. In contrast to the eutrophic and partially anoxic lake, chiA gene fragments were detectable throughout the oligotrophic water column and chiA copy numbers per ml of water were up to 15 times higher than in the eutrophic waters. For both lakes, the highest chiA abundance was found in the euphotic zone-the main habitat of zooplankton, but also the site of production of easily degradable algal chitin. The bulk of chitinase activity was measured in zooplankton samples and the sediments, where recalcitrant chitin is deposited. Both, chiA abundance and chitinase activity correlated well with organic carbon, nitrogen, and concentrations of particulate GlcN. Our findings show that chitin, although its overall contribution to the total organic carbon is small (ϳ0.01 to 0.1%), constitutes an important microbial growth substrate in these temperate freshwater lakes, particularly where other easily degradable carbon sources are scarce.
C
hitin is a homopolymer of ␤-1,4-linked N-acetylated glucosamine (GlcNAc). It is a structural component of the cell walls of fungi and the exoskeletons of invertebrates but is also found in protozoa (45) and algae (23, 31) . Due to its wide distribution, chitin is, after cellulose, the second most abundant biopolymer on earth (35) . The annual production and the steady-state amount in the biosphere are on the order of 10 12 to 10 14 kg (30, 47) . On the basis of literature data on chitin production by arthropods, the total annual chitin production in aquatic environments was estimated at 2.8 ϫ 10 10 kg chitin year Ϫ1 for freshwater ecosystems and at 1.3 ϫ 10 12 kg chitin year Ϫ1 for marine ecosystems (10) . The role of chitin as a significant component of the aquatic carbon and nitrogen budget was studied extensively during the 1990s, but almost exclusively in estuarine and marine environments (7, 17, 33, 34, 48) . Studies on bacterial chitin degradation in lake water are rare (4, 14, 37, 42) .
Not only phyto-and zooplankton and insect carcasses, but also zooplankton molting (exuviae) and excretion of fecal pellets (peritrophic membranes) contribute to the production of huge amounts of chitinous particles in the water column (61) . These chitinous particles are part of the marine or lake snow, which was shown to represent a hot spot of particulate organic matter solubilization (18, 19, 52) . In the ocean, chitinolytic bacteria were found to be responsible for the hydrolysis of chitin (35, 64) . After adhering to the polymeric substrate, chitinolytic bacteria express a multitude of enzymes and other proteins required for its catabolism (33) . The hydrolysis of the ␤-(1,4)-glycosidic bonds between the GlcNAc residues is accomplished by extracellular chitinases (EC 3.2.1.14) (22) . The end products of chitin degradation in the chitinolytic pathway are monomers and dimers of GlcNAc, which can be catabolized in the cytoplasm to fructose-6-P, acetate, and NH 3 (3, 33) .
Based on amino acid similarities, chitinases are classified into family 18 and family 19 (22) . Family 19 chitinases were formerly thought to be restricted to plant origin but have since also been found in various Streptomyces species and other bacteria (4, 49, 57) . However, the most information on bacterial diversity and distribution in diverse environments is available for family 18 group A chitinases (11, 24, 25, 36, 38, 55) .
In the present study, we aimed to identify the main sites of chitin hydrolysis and the significance of chitin as a bacterial substrate in two temperate freshwater lakes with contrasting trophic and redox conditions. For this purpose, we analyzed the chitinase activities and the abundances of bacterial chitinase genes (chiA)in zooplankton, water from 10 different depths, and sediment samples from oligotrophic Lake Brienz (LB) and eutrophic Lake Zug (LZ). The lakes were sampled in spring and fall 2009.
MATERIALS AND METHODS
Sampling sites. The characteristics of the study sites are listed in Table 1 . LB is an oligotrophic perialpine lake located 70 km southeast of Bern, Switzerland. The lake is fully oxic throughout the year. The catchment of the lake is drained by the two main inflows, Aare and Lütschine, which together transport an annual average of 3 ϫ 10 8 kg suspended material into LB (16) . Both, the hydrological regime and the suspended particle load of the river Aare are influenced by hydropower operations. The continuous supply of suspended glacial particles, causing reduced light penetration, together with the scarcity of nutrients has led to an unusually low phytoplankton biomass (on average, Ͻ10gm Ϫ2 ) (15, 21) .
LZ is a eutrophic subalpine lake 30 km South of Zurich, Switzerland. The lake consists of two basins: a shallow (40-to 60-m depth) North Basin and a 200-m-deep South Basin. The South Basin is meromicitc, with mix-ing depths that do not exceed 100 m. Together with the eutrophic status of LZ, this leads to seasonally anoxic conditions at a depth of 140 to 160 m and permanent anoxia below that depth (41, 43 Sediment cores were recovered from the two sampling sites using a gravity corer (32) . The first 5 (spring) to 7 (fall) centimeters of each core were sliced at intervals of 1 centimeter. Subsamples of each layer were processed for microbiological and biogeochemical analysis (see below).
Zoo-and phytoplankton communities. Zooplankton samples were taken with a 95-m double-closing net (8) from 0 to 100 m (2 replicates) and preserved in 2% formaldehyde. Phytoplankton was sampled with an integrated sampler according to the method of Schröder (51) from 0 to 20 m (2 replicates). Lugol-fixed phytoplankton species were counted using the technique of Utermöhl on an inverted microscope (58) . Crustacean species and their developmental stages were enumerated under a binocular dissecting microscope at ϫ10 to ϫ75. Phyto-and zooplankton biomass fresh weights were calculated from the mean cell/organism dimensions of each species (9, 21) . For LB, these analyses were carried out at the Laboratory for Water and Soil Protection of the Canton of Bern. Zooplankton chitin. The chitin biomass in LB and LZ was calculated from the zooplankton biomass and body chitin content published by Cauchie (10) , which were 4.3% and 9.8% (dry weight) for lentic branchiopoda and copepoda, respectively.
Chemical analysis. The zooplankton, water, and sediment samples were subdivided for microbiological and chemical analyses.
The dissolved organic carbon (DOC) and dissolved nitrogen (DN) concentrations in lake water were determined after filtration through a 0.2-m Supor membrane filter (Pall Corporation, Port Washington, NY). DOC and total organic carbon (TOC) were measured by high-temperature catalytic oxidation (720°C) with a Shimadzu TOC-V CPH (Shimadzu Scientific Instruments, Kyoto, Japan). The total nitrogen (TN) content and DN concentration were determined with a Shimadzu TOC-V CPH/TNM1.
Phosphate (PO 4 3Ϫ ) concentrations were determined following filtration through 0.45-m cellulose acetate filters (Schleicher & Schuell GmbH, Dassel, Germany). PO 4 3Ϫ was determined photometrically by the molybdenum blue method according to Vogler (59) .
Concentrations of GlcN in zooplankton samples, in POM, and in the sediments were measured by a slightly modified method according to Zhang and Amelung (63) with a derivatization step according to Guerrant and Moss (20) and with myoinositol (Aldrich) as an internal standard. Filters were treated with 10 ml of 6 M HCl for 10 h at 100°C, which should ensure complete hydrolysis of biopolymers of GlcN, including chitin and peptidoglycan, in which it occurs in its N-acetylated form (GlcNAc). Hydrolysis causes deacetylation, and thus, concentrations of GlcN are the sums of both forms, GlcN and GlcNAc. The gas chromatography (GC) system was equipped with a flame ionization detector (HRGC 5160; Carlo Erba Instruments, Milan, Italy), a split-splitless injector, and a VF-5 MS column (60 m, 0.25-mm inner diameter, and 0.25-m film thickness). The injector temperature was 250°C and the temperature of the detector was 300°C. Hydrogen was used as the carrier gas, with a flow rate of 2 ml min Ϫ1 . The temperature profile was as follows: 120°C to 200°C at 20°C min Ϫ1 , 200°C to 250°C at 2°C min Ϫ1 , and 250°C to 270°C at 20°C min Ϫ1 , held for 10 min at 270°C. A GlcN standard (D-glucosamine; SigmaAldrich Chemie GmbH, Buchs, Switzerland) was also derivatized and used for quantification.
Chitinase activity. Chitinase activity on water, sediment, and zooplankton sampled in fall 2009 was determined using the chitin substrate analog methylumbelliferyl-N,N=-diacetylchitobioside (MUF-DC) (Sigma-Aldrich) according to a previous method (34, 37) with slight modifications. Referring to the manufacturer's instructions, MUF-DC was dissolved in 100% dimethyl formamide (DMF) to a final concentration of 5 mM (stock solution).
In a preliminary test, the effect of the substrate concentration was determined by incubating LZ surface waters and mixed LZ sediment samples (0 to 5 cm) with six different MUF-DC concentrations (1, 5, 10, 50, 100, and 300 M) at 20°C and 4°C, respectively. In addition, we tested DMF for inhibitory effects on Streptomyces griseus chitinase (Sigma). DMF was found to linearly inhibit activity up to 80% at 6% DMF, the concentration in the highest MUF-DC concentration (300 M) used in the assay. Therefore, we adjusted the concentration of DMF for all assays to 6%.
Centrifuge tubes (50 ml: Greiner Bio-One, Frickenhausen, Germany) were filled with water samples mixed with formalin to a final concentration of 0.25% to prevent microbial growth (27) . The influence of 0.25% formalin on the fluorescence of released MUF and on the activity of S. griseus chitinase was tested in preliminary experiments. No significant effects were found. Formalin-fixed water samples were stored cold in the dark until assayed (within 4 h after sample collection).
Sediment samples (0.5 g) and 1.48 ml of autoclaved, 0.2-m-filtered and formalin-treated (0.25%) lake water were well mixed and assayed within 12 h of sample collection.
Water and sediment samples were amended with aliquots of the MUF-DC stock solution and incubated at 4 and 20°C, which correspond to the minimum and maximum temperatures measured in the water columns of both lakes over a year. As in situ temperatures for different samples differ from the incubation temperatures ( Fig. 1 ) and sediments were analyzed as slurries, our data (see Fig. 3 and 4) are potential chitinase activity rates. After incubation for 1 to 3 h, the reactions were stopped in aliquots of 100 and 150 l of water and sediment-in-water suspension by adding 10 and 15 l of ammonium glycine buffer (pH 10.5) (12), respectively. The fluorescence of free methylumbelliferone (MUF) was measured in the water samples and sediment supernatants at 360-nm excitation and 460-nm emission using a Synergy HT microplate reader (Bio-Tek Instruments, Inc., Winooski, VT). The samples were shaken (300 rpm) between measurements.
Zooplankton was killed by 3% hydrochloric acid and washed with autoclaved and 0.2-m-filtered lake water. Zooplankton (0.05 g) was suspended in 2 ml 0.25% formalin-treated, autoclaved, and 0.2-m-filtered lake water. After adding an aliquot of the MUF-DC stock solution, samples were incubated and processed as described for the sediments. The sediments were measured repeatedly up to 11 h, zooplankton up to 9 h, and water up to 100 h.
Positive controls were assayed in autoclaved, 0.2-m-filtered, and formalin-treated (0.25%) lake water and in autoclaved sediments containing aliquots of MUF-DC stock solution and S. griseus chitinase. In addition, negative controls without S. griseus chitinase were run to test for abiotic degradation of MUF-DC.
DNA extraction. Autoclaved glass bottles (1 liter) were filled with water samples and transported on ice and in the dark to the laboratory. About 5 liters of water from each sampled depth was filtered through a 5-m-isopore membrane filter (Millipore, Billerica, MA) and a 0.2-m polycarbonate filter (Whatman), each 142 mm in diameter, connected in series. The filters were frozen in liquid nitrogen immediately after filtration and stored at Ϫ80°C until DNA extraction. For extraction, a filter segment (1/4) was cut into small pieces using sterile scissors and mixed with 0.2 g of glass beads (0.1 g of 106-m and 0.1 g of 150-to 212-m glass beads; Sigma-Aldrich) in a 2-ml screw-cap tube (Brand GmbH & Co KG, Wertheim, Germany). Ice-cold extraction buffer (1.4 ml) (26) was added. The cells were disrupted in a FastPrep-24 bead-beating system (MP Biomedicals, Solon, OH) by beating twice for 40 s at4ms Ϫ1 , placing the tubes on ice in between. Bead beating was followed by a freeze-thaw cycle in liquid nitrogen. The supernatant was treated with 50 gml Ϫ1 RNase A (Sigma-Aldrich) for 30 min at 37°C and extracted with an equal volume of phenol-chloroform-isoamylalcohol (25:24:1; pH 8; Sigma-Aldrich). After precipitation with 1 volume of isopropanol, the pelleted DNA was dissolved in Tris-EDTA (pH 8) buffer and stored at Ϫ80°C.
For extraction of sediment and zooplankton, 0.5-g and 0.05-g samples, respectively, were mixed with 1.4 ml ice-cold nucleic acid extraction buffer (26) . The samples were frozen in liquid nitrogen and stored at Ϫ80°C until DNA extraction. After thawing, 0.25 g sterile 0.1-mm Zirconia beads (Biospec Products Inc., Bartlesville, OK) was added, and the samples were processed on a vortex adaptor (MoBio Laboratories, Inc., Carlsbad, CA) for 1 min at maximum speed. DNA extraction was performed as for the water filters.
The quality of DNA extracts was checked by agarose gel (1%) electrophoresis. Extracted DNA was quantified by fluorescence spectroscopy using the Quant-iT PicoGreen double-stranded DNA (dsDNA) Assay Kit (Molecular Probes, Eugene, OR) and a Synergy HT microplate reader (Bio-Tek Instruments).
The reproducibility of the applied DNA extraction protocols was tested on quadruplicate samples of sediment slurries and on four filter segments (1/4) of a single 0.2-m polycarbonate filter, one for each lake.
Amplification and quantification of chitinase gene fragments. We used the primer pair chif2 (GACGGCATCGACATCGATTGG) and chir (CSGTCCAGCCGCGSCCRTA), which was reported to target chitinase family 18 group A (chiA) gene fragments from a broad range of chitinolytic bacteria (62) . The performance and specificity of chiA PCR primers were tested on spring water samples (LB at 10 m, LB at 240 m, LZ at 10 m, and LZ at 190 m).
Each PCR mixture (20 l) contained 10 l2ϫ Power SYBR green PCR Master Mix (Applied Biosystems, Foster City CA), 0.4 l of each primer (10 M; Microsynth, Balgach, Switzerland), 2 l bovine serum albumin (BSA) (10 mg ml Ϫ1 ; Sigma-Aldrich), and 5 l template diluted in nuclease-free water (Qiagen GmbH, Hilden, Germany). Amplification was performed in a 7500 Fast Real-Time PCR System (Applied Biosystems) with PCR conditions consisting of an initial denaturation step at 95°C for 10 min, followed by 35 cycles of denaturation at 95°C for 30 s, annealing at 65°C for 60 s, and extension at 72°C for 30 s, and finally by melting-curve analysis.
PCR resulted in products yielding a single sharp band of the expected size of ϳ430 bp in gel electrophoresis (data not shown). To evaluate the specificity of the chiA PCR primers, we constructed clone libraries from the spring water samples. PCR products of chitinase gene fragments from samples were cloned into the pGEM-T vector by using the pGEM-T Easy Vector System according to the instructions of the manufacturer (Promega). Screening of the clone libraries constructed from these samples resulted in 15 different restriction fragment length polymorphism (RFLP) types among 71 screened plasmids. We sequenced 1 to 5 clones of each RFLP type, 31 clones in total (sequencing by Microsynth AG, Balgach, Switzerland). All sequences could be assigned to chitinases, indicating high specificity of the PCR protocol (unpublished data).
In preliminary experiments, the PCR amplification was assayed in 4-fold serial dilutions of total DNA extracts in nuclease-free water (Qiagen) to determine the effects of inhibiting contaminants. For instance, according to the resulting copy numbers, we assayed lake sediments in 64-fold dilutions, as they gave comparable but slightly higher (ϳ13%) chiA copy numbers than 16-fold-diluted templates, while results dropped off significantly for the 256-fold dilution (ϳ40%). Four-fold dilution of zooplankton samples and 16-fold and 64-fold dilutions of water and sediment samples, respectively, were applied in the final analysis. Therefore, different amounts of genomic DNA template were used in quantitative PCR (qPCR), i.e., less than 5 ng DNA for LB samples and ϳ10 to 20 ng DNA for LZ samples. Additionally, the results of quadruplicate analyses of DNA extraction yields showed high standard deviations, up to 31%, for water filters. For sediment slurries, the standard deviation was 6%.
RESULTS
Biogeochemistry of lake water columns. (i) Oxygen. The temperature, O 2 , and conductivity profiles for both lakes sampled in spring and fall are shown in Fig. 1 . In both seasons, the water column of LB was fully oxic. For LZ, anoxic conditions were measured below 130 m (O 2 Ͻ 0.1 mg liter Ϫ1 ), a shallower depth than reported previously (41, 43) .
(ii) Organic carbon. In LZ waters, the TOC concentrations were roughly three to four times higher than in LB waters (see Biogeochemistry of sediment profiles. For LB sediments, the TOC, TN, and GlcN contents were always lowest for the 1-to 2-cm layer, in which the sediment becomes anoxic (46) , and increased again with depth (Table 2 ). Biogeochemical parameters in LZ sediment (Table 3) were roughly 1 order of magnitude higher than in LB sediments, with the exception of the 6-to 7-cm layer sampled in fall, which showed similar TOC, TN, and GlcN contents in both lakes.
Zoo-and phytoplankton community compositions. The phytoplankton communities in both lakes were composed of chrysophytes (golden algae), diatoms, cryptophytes, dinoflagellates, chlorophytes (green algae), haptophytes (only in LB in In both lakes, the predominant zooplankton species were cladocerans (Daphnia sp., Diaphanosoma brachyurum, Leptodora . The vast majority of the zooplankton biomass consisted of copepods. For the spring sampling campaign, they accounted for over 99% of the zooplankton biomass in both lakes, and for the fall sampling campaign, for 61% and 80% in LB and LZ, respectively. Zoo-and phytoplankton biomass. In March/May 2009, the zoo-and phytoplankton biomasses contributed equally to the total plankton biomass in both lakes (Fig. 2) . In LZ, the plankton biomass (25.9 g m Ϫ2 ) was more than double that of LB (11.7 g m Ϫ2 ). In October 2009, the vast majority of the LZ plankton biomass (33.9 g m Ϫ2 ) was phytoplankton (Ͼ90%). The late fall phytoplankton bloom is in agreement with chlorophyll a measurements from the same year (Environmental Agency of Canton Zug, unpublished data). The low proportion of zooplankton biomass also goes along with the predominance of large grazing-resistant forms of diatoms, such as Asterionella formosa and Fragilaria crotonensis, and the scarcity of food sources for zooplankton, like small algae and cyanobacteria (data not shown). In contrast, the zooplankton biomass from LB collected in September 2009 accounted for 72% of the total plankton biomass of 28.1 g m Ϫ2 .
Judging from LB plankton-monitoring data for the year 2009 (Environmental Agency of Canton Bern, unpublished data), the zooand phytoplankton biomasses generally were approximately equal, with the exception of January and late summer (July to September), when the zooplankton biomass was significantly greater (up to 74% of the total plankton biomass).
Zooplankton chitin. In March/May 2009, chitin estimated from zooplankton abundances was 134 mg m Ϫ2 for LZ and therefore more than 2 times higher than in LB (55.3 mg m Ϫ2 ) (Fig. 2) . In contrast, in fall, zooplankton chitin in LB (154 mg m Ϫ2 ) was about 8 times higher than in LZ (18.7 mg m Ϫ2 ).
Zooplankton chitin biomass compared to TOC and GlcN concentrations.
For the spring sampling campaign, relating the chitin estimates from the zooplankton to the carbon pool, zooplankton chitin contributed 0.04% of the TOC integrated over the upper 100 m of the water column of LB (63.5gCm Ϫ2 ) and 0.03% of the TOC pool of LZ (205gCm Ϫ2 ). For the fall sampling campaign, the contribution of zooplankton chitin to the TOC was almost 30 times higher in LB (0.1270%) than in LZ (0.0045%).
In LZ, the particulate GlcN concentration integrated over the 0-to 100-m water column was about 2-fold (March 2009) and 6-fold (October 2009) higher than the zooplankton chitin biomass (Fig. 2) . In LB, it was as high as the zooplankton chitin biomass in May 2009, but it was only one-sixth of the zooplankton chitin biomass in September 2009. This discrepancy could be caused by the higher inorganic glacial particle load from the inflows in the second half of the year (15, 16) , which caused higher turbidity in the surface waters (1) . As a consequence, the primary production maximum was shifted to a lower water depth of 2.5 m compared to May 2009, when it was observed at a water depth of 5 m (D. Carstens, K.E. Köllner, H. Bürgmann, B. Wehrli, and C.J. Schubert, submitted for publication). Since the shallowest in situ pumping was performed at 5 m, the fall sampling probably missed a significant proportion or even the maximum of the zooplankton biomass in the surface waters of LB.
Zooplankton chemistry. The GlcN content of zooplankton sampled in fall accounted for 69.6 Ϯ 4.5 and 94.8 Ϯ 7.1 mol g dry weight Ϫ1 in LB and LZ, respectively, and was, therefore, about one-third higher in the zooplankton of LZ. The results for the TOC, TN, and GlcN contents of zooplankton samples are summarized in Table 4 .
Chitinase activity. The effect of the substrate concentration on chitinase activity was tested in LZ surface waters and mixed sedi- (Fig. 3 ) and dropped at 100 and 300 M. For the water samples, the chitinase activity was below the limit of detection for all substrate concentrations, even after 4 days of incubation. For negative controls, no turnover rates could be detected, which implies that only biotic degradation of MUF-DC was detected during the incubation. We assayed the sediments and zooplankton from both lakes sampled in fall 2009 with 50 M MUF-DC at 4°C and 20°C. MUF-DC turnover rates at 20°C were roughly one-third higher than at 4°C for the zooplankton samples from both lakes and up to 3-and 8-fold higher for LB and LZ sediments, respectively. For reasons of simplicity, only the data for 4°C are discussed and shown in Table 4 and Fig. 4. (i) Zooplankton. Chitinase activity on LZ zooplankton was about double that measured for LB zooplankton on a dry-weight basis (Table 4) .
(ii) Sediment. Chitinase activity (at 4°C) in LB sediments ranged from 0.08 (1 to 2 cm) to 0.69 (6 to 7 cm) nmol MUF h Ϫ1 g dry weight Ϫ1 and in LZ sediments from 0.59 (5 to 6 cm) to 5.10 (0 to 1 cm) nmol MUF h Ϫ1 g dry weight Ϫ1 (Fig. 4) . Comparing the two lake systems, LZ's chitinase activity per gram dry sediment was up to 40 times higher than that measured in LB sediments but decreased with depth and converged on LB values in the 5-to 6-and 6-to 7-cm layers (Fig. 4) . However, normalized to the GlcN concentrations, the chitinase activities were in the same range for both lakes, with no clear depth-related trend (data not shown).
Normalized to the TOC, TN, and GlcN contents, the chitinase activities were on the same order of magnitude as the values measured for zooplankton (data not shown).
Chitinase gene copies. (i) Water. For the 0.2-to 5-m water fractions of LZ, specific chiA fragments could be amplified only for the 5-m and 10-m water depths sampled in spring and for the 5-m to 25-m water depths sampled in fall (Fig. 5) . In comparison, the chiA gene copies detected per ml of water were 2 to 15 times higher in the surface waters of LB, with the exception of the 10-m water depth of LZ in October 2009 (272 Ϯ 17 chiA copies ml Ϫ1 ). The maximum chiA concentration in LB waters (340 Ϯ 7 chiA copies ml Ϫ1 ) was measured at the 5-m water depth in May 2009. In LB, the chiA gene was detected at all depths. For the Ն5-m fractions, we got no specific chiA signals for LB. chiA was detected in the surface water depths of LZ in this fraction. However, concentrations were up to 20 times lower than for the 0.2-to 5-m fractions (data not shown).
(ii) Sediment. In LB sediment, the lowest chiA content was measured in the 1-to 2-cm layer, increasing again with depth below this layer, as observed for the chitinase activity (Fig. 4 and  6A) . In May 2009, the highest chiA content of 87.0 Ϯ 9.2 chiA copies mg dry weight Ϫ1 was measured in the 0-to 1-cm sediment layer and in September 2009 in the 6-to 7-cm layer (363 Ϯ 49 chiA copies mg dry weight Ϫ1 ). The chiA content in the 0-to 1-cm layer of LZ sediment was about 2 (October 2009) to 10 (March 2009) times higher than that of LB on a dry weight basis. Normalized to the TOC, TN, and GlcN contents of the sediment, the chiA numbers were higher in LB, with few exceptions (data not shown). For water and sediment samples, chiA concentrations normalized to GlcN and TOC are available in Fig. S2 and S3 in the supplemental material.
Since the efficiency of any nucleic acid extraction method from environmental samples is less than 100% and we did not use an internal standard to correct for this, the absolute copy numbers of chiA were likely underestimated. Variable extraction efficiencies may affect comparisons between different sample types. Therefore, chiA copy numbers normalized to the amount of DNA used in the PCR are shown in Fig. 5B and 6B. For the water column of LB, chiA gene copy numbers per ng DNA exceeded the numbers detected for the surface waters (Fig. 5B) . In the sediments, chiA gene copy numbers were higher for all sediment layers of LB than for the sediments of LZ (Fig. 6B) .
(iii) Zooplankton. We determined the chiA gene copy numbers on zooplankton samples, considering them a main source of chitin in our lake ecosystem and therefore a hot spot of bacterial chitin hydrolysis. The number of chiA copies detected in LZ zooplankton samples was more than 3-fold higher than in LB zooplankton samples on a dry weight basis (Table 4 ). Normalized to the amount of DNA used in the PCR, it was 10-fold higher.
Normalized to the GlcN concentrations, the chiA copy numbers associated with zooplankton were approximately on the same order of magnitude as the chiA copies in the sediment of LZ but up to 10-fold lower than the values detected in the sediment from LB (see Fig. S3a in the supplemental material). Compared to the results for the water columns, the chiA concentrations normalized to GlcN were 100-to 1,000-fold lower in zooplankton samples from LZ and LB, respectively (see Fig. S2a in the supplemental material).
Correlations between chitinase activity, chiA abundance, and biogeochemical parameters. (i) Water. For both sampling campaigns, the chiA copy numbers detected in the water column of LB and the GlcN concentration were highly significantly correlated (P Ͻ 0.01; n ϭ 10) ( Table 5) .
(ii) Sediment. For both lake sediments, the chiA content and the chitinase activity correlated highly significantly (P Ͻ 0.01; n ϭ 7) (Table 5 ). For the LB core sampled in the fall, significant correlations were found between the chiA copy number and the GlcN, TOC, and TN contents. In spring, these correlations were not significant, except for the correlation between the chiA copy number and GlcN. Chitinase activity and GlcN, TOC, and TN concentrations also correlated significantly for the fall cores from both lakes, but in LZ, the correlation was not as highly significant as in LB sediments.
DISCUSSION
Sources of chitin and glucosamine in freshwater lakes. Chitin was previously reported to be produced in large amounts in aquatic ecosystems (10, 47) . The mean chitin standing biomass from marine planktonic crustaceans (copepods, cladocerans, and decapod larvae) was calculated to be 26.3 mg m Ϫ2 (30) , which is on the same order of magnitude as the zooplankton chitin biomass we estimated for our two different lacustrine ecosystems. Our results also agree with the results from a study on chitin dynamics in a mesotrophic bog and a hypereutrophic lake, in which the chitin biomass (from crustaceans) fluctuated between 2 and 200 mg m Ϫ2 (42) . The available data thus point to similar chitin biomasses in marine and lacustrine ecosystems, with considerable local and seasonal variability.
However, zooplankton is not the only chitin source in an aquatic ecosystem. It is known that chitin is also produced by protozoa, fungi, and algae, especially by diatoms (2, 23, 45) . Diatom chitin, known as chitan, can amount to a significant constituent of the cellular biomass. For the diatom Thalassiosira fluviatilis, for example, chitan was found to represent 31 to 38% of the total cell mass (40) . In contrast, Smucker reported only 7% and found significant differences between various diatom species (ranging from 2 to 10% [dry weight]) (54) . However, he also attributed this discrepancy to chitan losses due to the extraction method that had been used. To our knowledge, chitin content estimates for diverse algal species are not available in the literature, and a calculation of phytoplankton chitin, analogous to the one provided for zooplankton chitin, is thus currently not feasible. As a rough estimate, assuming a chitan content between 5% and 30% of dry diatom biomass and a mean dry weight of 300 pg per diatom cell (49) . Thus, significant amounts of chitin, exceeding the zooplankton contribution, may have been produced by this source. This may also explain our observations in LZ, where the particulate GlcN pool (0 to 100 m) was indeed found to be higher than the zooplankton chitin (Fig. 2) .
GlcN is not only the main constituent of the biopolymer chitin, but together with muramic acid (MurA), it also forms the disaccharide backbone of the bacterial cell wall polymer peptidoglycan. Chitinolytic activity and populations in freshwater lakes. Several studies on chitinase activity in aquatic environments have been published, mainly for marine and estuarine water and sediments, which applied a wide range of substrate concentrations, ranging from 20 nM to 5 mM (6, 27, 28, 34, 44, 53, 60) . This makes the determination of substrate saturation curves for the environment under study crucial. We found an optimum substrate concentration of 50 M for the lake sediments, whereas no chitinase activity could be measured in the water at any substrate concentration. Using a comparable approach (with 20 M MUFGlcNAc), Martinez et al. could not detect any chitinase activity in seawater (39) . In contrast, in alkaline hypersaline Mono Lake, turnover rates for 10 M MUF-DC in water and sediment samples were 1,000-fold higher than the chitinase activities of the sediments analyzed in the present study (37) . However, Mono Lake is an environment extremely rich in chitin from shrimp exuvia and carcasses. Its lack of detection in the water samples of our lake ecosystems indicates that chitinase activity was mostly associated with particles. In aquatic environments, aggregates are known as hot spots of exoenzymatic activities (18, 53) . Chitinase activity, in particular, was previously reported to be mainly associated with particulate fractions, e.g., it was found associated with the Ͼ3-m or the 2-to 100-m particle size class (29, 50) . Similarly, we found significant activity in the water only on the zooplankton samples, i.e., the Ͼ95-m fraction. Particle-associated microbes have the advantage of benefiting directly from the soluble oligomers produced by chitin hydrolysis. However, planktonic bacteria can also profit from chitin hydrolysis products, which has been shown recently for members of planktonic freshwater Actinobacteria (5) .
By chiA-specific quantitative PCR, we could confirm the presence of chitinolytic bacteria in zooplankton and sediment and in the 0.2-to 5-m water fractions. The chiA abundance normalized to any parameter (DNA, GlcN, or TOC) that was associated with the 0.2-to 5-m water fraction was significantly higher than that detected in the zooplankton samples, which we had assumed to contain high concentrations of chitinolytic bacteria. Access to zooplankton chitin (␣-chitin) is probably hindered by crosslinked structural components, such as glycans and proteins. These have to be degraded by different microbial communities initializing the decomposition of zooplankton carcasses (17, 56, 57) .
However, we did not analyze the fraction of eukaryotic DNA in the DNA extracts to normalize the results to only bacterial DNA, which could change the described ratios.
The bacterial degradation of chitin is known to be highly regulated (33) . Therefore, the detection of bacterial chiA gene copy numbers indicates only the presence of bacteria capable of chitin degradation and is not a direct measure of active chitin hydrolysis, i.e., chitinase activity. However, in the present study, chiA gene abundance in sediments was highly correlated with chitinase activity, and the increased abundance of the chiA gene in the water column of LB, where chitin made a greater contribution to the carbon pool, also indicates a relationship between gene abundance and chitin degradation. The higher prominence of chitin as a bacterial substrate in oligotrophic compared to eutrophic lakes has also been shown in culture-dependent analyses of chitinolytic bacteria in Polish lakes (13, 14) .
In conclusion, significant correlations between chiA gene abundance, chitinase activity, and biogeochemical data evidenced the contribution of chitin to the carbon and nitrogen budget in the lake sediments, in particular for the oligotrophic system of LB (Table 5) . We therefore assign chitin a role as a significant microbial growth substrate in temperate freshwater lakes, especially where other easily degradable carbon sources are scarce.
